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Abstract: Nanoparticles (NPs) are commonly used in healthcare and nano therapy, but their toxicity 

at high concentrations is well-known. Recent research has shown that NPs can also cause toxicity at 

low concentrations, disrupting various cellular functions and leading to altered mechanobiological 

behavior. While researchers have used different methods to investigate the effects of NPs on cells, 

including gene expression and cell adhesion assays, the use of mechanobiological tools in this con-

text has been underutilized. This review emphasizes the importance of further exploring the mech-

anobiological effects of NPs, which could reveal valuable insights into the mechanisms behind NP 

toxicity. To investigate these effects, different methods, including the use of polydimethylsiloxane 

(PDMS) pillars to study cell motility, traction force production, and rigidity sensing contractions, 

have been employed. Understanding how NPs affect cell cytoskeletal functions through mechano-

biology could have significant implications, such as developing innovative drug delivery systems 

and tissue engineering techniques, and could improve the safety of NPs for biomedical applications. 

In summary, this review highlights the significance of incorporating mechanobiology into the study 

of NP toxicity and demonstrates the potential of this interdisciplinary field to advance our 

knowledge and practical use of NPs. 
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1. Introduction 

Nanoparticles (NPs) are materials that are less than 100 nm in size [1,2] and are widely used in 

various biomedical applications such as biosensors [3,4], transfection agents [5], and cancer treatment 

[6,7] due to their modifiable material properties. Magnetic NPs (MNPs) coated with biocompatible 

materials are used in biomedical applications as contrast agents in magnetic resonance imaging 

(MRI)-based cell labeling, cell tracking, cell separation, and drug delivery vehicles [8–12]. For exam-

ple, silica-coated magnetic nanoparticles MNPs@SiO2(RITC) are synthesized MNPs consisting of a 

cobalt ferrite core, CoFe2O3, and a silica shell surrounded by rhodamine B isothiocyanate (RITC) and 

are used for cell labeling and tracking in vivo [13]. 

Despite their benefits in biomedical applications, NPs pose potential risks to human health when 

accidentally entering the human body. These risks include [14], respiratory and cardiovascular prob-

lems [15], and neurodegenerative diseases [16,17] due to their nanoscale physicochemical properties, 

such as a large surface-to-volume ratio, Fenton reaction, and integration of organic compounds [18–

20]. One of the main reasons that contribute to the toxicity of NPs is their reactive surface area [21], 

which induces free radical reactive oxygen species (ROS) [22,23] that cause inflammation, 
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endoplasmic reticulum stress, decreased proteasome activity, and disruption of cellular metabolism 

[24,25]. In particular, NPs induce ROS production, which in turn leads to lipid peroxidation and ab-

normalities in the cellular mechanisms and cytoskeleton [26]. 

NPs also cause toxicity in the cellular cytoskeleton by altering its organization, decreasing cell 

membrane fluidity, and damaging cytoskeletal proteins [27]. When NPs enter the cell via endocytosis, 

they disrupt the actin structure and damage cellular tight junctions of the cells [28]. After internali-

zation of NPs into the cell, ROS production increases by more than 50%, inducing lipid peroxidation 

and resulting in decreased cell membrane fluidity [28]. Furthermore, NPs alter cytoskeletal compo-

nents such as fascin (FSCN1) and paxillin (PXN) [28]. These toxic effects of NPs on the cell cytoskel-

eton can change biochemical signals that affect the cell's mechanobiological responses, such as trac-

tion force (TF) production and rigidity sensing. These responses determine essential cellular func-

tions such as cell migration, division, and proliferation [29,30]. 

Various methods have been developed to assess the toxicity of NPs, as shown in Figure 1. Bio-

chemical methods such as ATP, ROS, and lipid production levels have been used to demonstrate the 

toxicity of MNPs@SiO2(RITC) in multiple cells at higher concentrations of 1 µg/µl. Migration and 

invasion assays have also been used to investigate NP toxicity  [25,31]. However, these methods may 

not be sensitive enough to detect the toxic effects of MNPs@SiO2(RITC) even at concentrations of 1 

µg/µl. On the contrary, mechanobiological analyses, such as cell surface area, cell aspect ratio, length 

of filopodia, focal adhesion area, TF production, and stiffness detection measurements, are more sen-

sitive to detecting the toxicity of NPs below 1 µg/µl [31,32]. Biochemical assays that are used to study 

the effects of NPs have typically been applied to collective cells and may not be sensitive enough to 

detect NP concentrations below 1 µg/µl. In contrast, mechanobiological methods that are used to 

study the behavior of individual cells are more sensitive in detecting NP toxicity but require ad-

vanced equipment and skilled personnel. As a result, there have been relatively few studies on nano-

toxicity that have utilized mechanobiology methods. 

 

Figure 1. Schematic diagram illustrating the various biochemical and mechanobiological methods 

used to study nanotoxicity. 
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A variety of technology platforms and assessment systems have been developed to analyze the 

mechanical and physical changes that occur at the cellular level, allowing for the analysis of biophys-

ical phenotypes. These changes can provide insights into how mechanical signals affect the biological 

and functional responses of cells to NP treatment [31,33,34]. Methods used to study cell biophysical 

responses include atomic force microscopy, micropipette aspiration, uniaxial stretcher, optical and 

magnetic tweezers [31,35,36]. Advanced techniques, such as tensile force microscopy, have been de-

veloped to analyze the mechanical forces between cells and their surrounding matrix using soft elas-

tic gel substrates [37,38]. Recently, submicron elastomeric pillars made of polydimethylsiloxane 

(PDMS) have been developed to detect nanometer-levels of cellular traction forces [31,39,40] and ri-

gidity sensing [32,41]. These techniques incorporate microscopy to study cells treated with NPs 

[32,42]. 

The mechanobiological response elicited by biomechanical signals from the external environ-

ment is essential for regulating normal cell functions. Altered mechanobiological responses can lead 

to diseases such as cancer, asthma, and heart disease [43], highlighting the importance of studying 

the mechanobiological effects of NPs on cells. To investigate these effects, various methods have been 

employed, including the use of polydimethylsiloxane (PDMS) pillars to study cell motility, TF pro-

duction, and rigidity sensing contractions of a cell. Soft and rigid PDMS surfaces have also been uti-

lized in conjunction with cell morphological analysis to study a cell's rigidity sensing ability. Mecha-

nobiological methods focus on early events of cell attachment, spreading, and motility, making them 

a fast and sensitive approach for studying the toxicity of NPs. 

This review provides an overview of the toxicity of various nanoparticles (NPs) on the compo-

nents of the cell cytoskeleton, including their corresponding toxic concentrations. Additionally, we 

examine the effects of MNPs@SiO2(RITC) on cell mechanobiology, specifically in terms of cell motil-

ity, TF production, and rigidity sensing. Given the limited research on the toxic effects of NPs in the 

field of mechanobiology, this review focuses exclusively on MNPs@SiO2(RITC) and its potential im-

plications. By exploring the toxic effects of NPs on cell mechanobiology, this review aims to shed 

light on the broader impacts of NPs on cell function and to provide insights into new ways of ana-

lyzing NP toxicity to make them safer for biomedical applications. 

2. Interaction of NPs with the Cell Cytoskeleton 

The absorption parameters of NPs are influenced by particle size, sedimentation, agglomeration, 

and diffusion [44,45]. Once inside the cell, NPs can interact with the cell cytoskeleton both directly 

during internalization and indirectly by inducing ROS that affect cytoskeletal components via a re-

duction in ATP, alterations in lipid levels, and changes in the expression of cytoskeletal proteins. The 

initial contact between NPs and the cellular cytoskeleton occurs when NPs are internalized into the 

cell through the clathrin- and caveolae-mediated endocytosis pathways [46]. These pathways involve 

various components of the cytoskeleton, such as actin, plasma membrane receptors, clathrin, and 

adapter proteins [47]. After internalization, NPs can induce oxidative stress, ER stress, altered cellular 

metabolism, altered oxidative proteins, changes in redox regulation, and mitochondrial dysfunction 

[24,26,48,49]. Specifically, oxidative stress can inhibit various components of the cytoskeleton, such 

as lamellipodia and filopodia [6]. 

2.1. Direct Toxic Effect of NPs on Cell Cytoskeleton 

Table 1 provides a summary of extensive research investigating the direct toxic effects of various 

nanoparticles (NPs) on the cell cytoskeleton. For example, exposure to metal oxide NPs like TiO2 can 

cause changes in the cytoskeleton, leading to the breakdown of the actin and tubulin network. Prote-

omic research after TiO2 exposure has shown certain changes in proteins associated with cytoskeletal 

disruptions, particularly those involved in cell motility. Similarly, carbon black NPs can lead to 

dysregulation of migratory cell proteins under similar experimental conditions. However, the pat-

terns of proteome alterations are dissimilar, suggesting that each type of NP causes changes in a 

biological pathway through different components of the cell migratory protein network [50]. Further-

more, microarray investigations of the human lung epithelial cell line BEAS-2B treated with TiO2 NPs 

Preprints (www.preprints.org)  |  NOT PEER-REVIEWED  |  Posted: 15 May 2023                   doi:10.20944/preprints202305.1045.v1

https://doi.org/10.20944/preprints202305.1045.v1


 

have revealed changes in cytoskeleton-related mRNA and miRNA expression, as well as changes in 

cell adhesion [27]. These findings indicate that NPs can induce changes in gene expression and adhe-

sion, which may affect cytoskeletal organization, motility, and other important cellular functions. 

Table 1. Effects of NPs on cell cytoskeletal components. 

Particle type Toxic effects Conc. References 

TiO2 Actin and tubulin breakdown, and cell adhesion 10g/ml [50] 

27 Carbon black Dysregulation of cell migration 10g/ml [50] 

SiO2 
Tubulin polymerization and decreased cell mo-

tility 
200 g/mL [51,86] 

Ag NPs Actin α- and β-tubulin downregulated 10 μg/L [54] 

ZnO Actin rearrangement in cell bundles 10 μg/ml [87] 

SWCNT 
Filaments reorganization, profilin, and filamin   

protein expression increased 
0.5 μg/μl [88,89] 

MWCNTs 
Increase tubulin polymerization and induce 

 fibroblastoid 
 3 μg/mL [28] 

Graphite nano-

fibers 

Disrupt the actin filaments and morphological  

change 
1 g/mL [52,90] 

SMCC-7721 
Irregular cell shape, lamellipodia loss, distorted  

actin filament 
- [53] 

MNPs@SiO2(RIT

C) 

Decreased filopodia, lamellipodia, focal adhe-

sion, and altered actin fibers 
1µg/µl [25,31,32] 

 

During NP internalization, the ability of epithelial cells to distinguish between different NP 

shapes can impact NP absorption and accumulation in the cytoskeleton. For example, HeLa cervical 

cancer cells showed greater uptake of structured SiO2 NPs as cylinders compared to SiO2 spheres, 

which required the development of filopodia [51]. Rac1 activation and the production of F-actin stress 

fibers were essential for cylindrical NP uptake, whereas this activation was not present during spher-

ical NP internalization. These findings suggest that different types of NPs can have direct toxic effects 

on the cell cytoskeleton, leading to changes such as the breakdown of the actin and tubulin network. 

Such changes can alter protein expression and disrupt normal cellular functions such as motility and 

adhesion. Moreover, the shape of NPs can impact their internalization and accumulation in the cyto-

skeleton, with cylindrical NPs being taken up more readily and requiring specific cellular processes 

like filopodia development. Understanding these direct effects of NPs on the cell cytoskeleton is cru-

cial for designing and developing safer and more effective nanomaterials for biomedical applications. 

This knowledge can also provide insights into potential risks and hazards associated with NP expo-

sure. 

2.2. Indirect Toxic Effect of NPs on Cell Cytoskeleton 

Even at low concentrations of NP, changes in the cytoskeleton can precede oxidative stress and 

inflammation, as shown in A549 adenocarcinoma cells, which showed changes in gene expression 

after exposure to a low concentration of SiO2 (1 μg/cm2, 12 nm in size), which involved Rho signaling 

and clathrin-mediated internalization pathways [52]. Tubulin polymerization was inhibited in A549 

cells after 40 hours of exposure to amorphous SiO2 NP, indicating direct impacts on cytoskeleton 

components. A depolymerization process mediated by cold treatment (3 h on ice) resulted in exces-

sive repolymerization, which was connected with a decrease in acetylated tubulin and decreased 

motility of cells exposed to SiO2 NPs [53]. Ag NPs upregulate cytokeratin 8, cytokeratin 18, and gel-

solin, while actin and α- and β-tubulin are down-regulated, according to a proteomic analysis of Co-

cultured intestinal epithelial cells of Ca-co-2 / TC7 and HT29-MTX [54]. Furthermore, in the absence 

of cytotoxicity, an increase in IL-8 was observed, and strong dissolution of Ag (0.01%) suggested that 

the effects were due to NPs rather than Ag ions. SiO2 NPs reduced cell survival in the human 
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keratinocyte cell line HaCaT, and those that survived exhibited morphological changes and cell cycle 

arrest in phase G [55]. Furthermore, these cells showed changes in chaperons gene expression, oxi-

dative stress response and apoptosis-related proteins, and cytoskeleton-related proteins such as gel-

solin-like capping protein, keratin 8 and keratin 19 [56]. ZnO NPs were ingested by endosomes and 

then transported to lysosomes in the same cell line. After 2 hours of exposure, the release of zinc ions 

caused cytotoxicity and actin rearrangement into cell bundles [57]. The tubulin network produced 

bundles that wrapped around the nucleus and disappeared from the cell's periphery, and, more sig-

nificantly, aberrant spindles and chromosomes were dispersed throughout the cytoplasm in an une-

ven pattern. 

Organic NPs used as drug carriers, such as dendrimers, can also cause changes in the cytoskel-

eton, similar to inorganic NPs. Breast cancer cells take up hyperbranched block copolymer micelles 

within 30 minutes, with internalization mediated by the clathrin and macropinocytosis pathways and 

NPs located around the nucleus. However, effects on the cytoskeleton were not investigated in this 

study [58]. Sixth-generation cationic dendrimers have been shown to reversibly interact with actin 

filaments, delaying actin polymerization at low concentrations (1 μg/mL) and accelerating actin 

polymerization at high concentrations (≥10 μg/mL) in non-cellular systems [59]. In another study, the 

trafficking of organic-based NPs induced remodeling of the cytoskeleton in ovarian epithelial cells, 

with the uptake of cationic liposomes dependent on actin interactions and subsequent cytoplasmic 

endosome trafficking carrying liposomes required for the tubulin network [37]. However, further 

studies are needed to understand the potential toxic effects of these organic NPs on the cytoskeleton. 

3. Effects of NPs on Cell Mechanobiology 

3.1. Cell Mechanobiology 

Mechanobiology is a field that seeks to understand how biomechanical and biophysical signals 

regulate cell behavior by studying the interaction between cells and their surrounding environment 

[60]. Cells interact with the extracellular matrix (ECM) of the tissue and respond to its changing phys-

ical properties [61,62]. ECM provides physical support, external forces, varying surface topography, 

and substrate stiffness [39,40,63,64], which can modify and determine cellular behaviors such as cell 

proliferation, differentiation, migration, invasion, and apoptosis [64–68]. To attach, spread, or move 

across a surface, cells must exert a force on the ECM, with the magnitude of the force depending on 

the mechanical properties of the ECM, ranging from a few to several nN [30,64]. Mechanical forces 

play a crucial role in directing the migration of cells [69]. The interaction between cells and the ECM 

is primarily maintained by components of the cell cytoskeleton, including actin structures, and focal 

adhesion (FA) components, such as paxillin, myosin, and focal adhesion kinase [69]. 

The cytoskeleton is a crucial component of a cell that determines its mechanical properties. It is 

composed of microtubules, intermediate filaments, and actin filaments. Actin filaments self-assemble 

to form a web-like structure that regulates intracellular forces [63,65] and provides tensile strength to 

the cell through parallel filaments at the leading edge, while filopodia detect environmental signals 

[70], as illustrated in Figure 2. The actin cytoskeleton is crucial to maintaining the mechanical prop-

erties of a cell, providing it with tensile strength and elasticity. Actin filaments self-assemble and form 

a web-like structure that regulates intracellular forces, while cross-linked actin structures and actin-

binding proteins help maintain 3D integrity [71]. The actin structure at the leading edge of the cell 

forms lamellipodia and focal adhesions that attach the cell to the ECM. Focal adhesions can detect 

changes in the environment and trigger downstream signaling pathways that regulate cell behavior 

[73]. During cell movement, the actin structure undergoes active remodeling, producing traction 

force that enables the cell to adhere, move, and divide. Periodic changes in the actin cytoskeleton play 

a critical role in the formation of the cell and the generating the traction force needed for cell adhesion, 

migration, and division [40,72–74]. 
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Figure 2. Cell cytoskeletal components for traction force production and rigidity sensing. 

The actin cytoskeleton, along with focal adhesion components such as myosin IIA, focal adhe-

sion kinase (FAK), tropomyosin (Tmp) 2.1, and alpha-actinin, regulates the ability to sense rigidity of 

cells [75,76] (Figure 2). This ability is crucial when cells interact with the ECM, as it allows them to 

sense the mechanical properties of their environment [77]. The organized activity of focal adhesion 

components is necessary for cells to sense the rigidity of the ECM, with each component playing a 

unique role. For example, myosin IIA binds to f-actin and drives contractile structures during stiff-

ness detection [78]. FAK, on the other hand, determines the region of the ECM that the cell can sense 

[79], while Tmp 2.1 regulates cell contraction and controls matrix stiffness sensing by controlling the 

movement steps of myosin in antiparallel actin filaments [78]. Changes in the organization of the 

actin scaffold or focal adhesion components can inhibit cellular activity. In general, the nanoscale 

mechanical properties of the extracellular matrix (ECM) environment can significantly influence cell 

behavior, and understanding these properties is crucial in areas such as tissue engineering [82] and 

toxicity studies. 

3.2. Methods to Investigate Cell Mechanobiology  

3.2.1. Cell traction force measurement. 

Synthetic biological techniques can aid in the study of cellular interactions with their surround-

ing environment, allowing for the exploration of complex signaling pathways involved in disease 

mechanisms [83] and nanoparticle toxicity. The quantification of the cell traction forces has been stud-

ied using various methods. The first observation of cell traction force was made by growing cells on 

thin silicone rubber membranes, which caused the formation of wrinkles [80] (Figure 3A). However, 

due to slow processes and non-linear response of the film, this method has limitations in quantifying 
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cell traction forces [81]. To overcome these limitations, polyacrylamide (PAA) with fluorescent beads 

and polydimethylsiloxane-based pillars were developed (Figure 3B). The PAA method, called trac-

tion force microscopy, uses PAA gels embedded with fluorescent beads to detect cell traction force 

[82]. When seeded cells deform the gel, the beads inside the gel are displaced, and the displacement 

of a bead from its original position is analyzed to measure cell traction force. Although the quantifi-

cation of results requires careful consideration of imaging techniques, fluorescence signals, and com-

plex mathematical models, this method offers advantages over the silicone rubber membrane method 

in accurately measuring cell traction forces. 

 

Figure 3. Schematic diagrams illustrating various methods for studying cell traction force and rigidity 

sensing. (A) Thin PDMS, (B) Polyacrylamide (PAA), and (C) PDMS pillars represent traction force 

measurement methods. (D) Soft and hard surfaces are used for rigidity sensing measurements. (E) 

and (F) depict PDMS submicron pillars used for local contraction quantification. 

Another method to measuring cell traction force is the PDMS pillar method (Figure 3C). In this 

method, cells are cultured on linearly arranged micrometer or sub-micrometer pillars, each of which 

bends when a traction force is exerted by the cell. The stiffness of the pillar (k) is calculated using 

Euler's Bernoulli beam theory, and the displacement of the pillar from its original position (∆x) is 

calculated using the pillar tracking software.  In the PDMS pillar traction force measurement method 

Figure 3 C, cells are cultured on identical linearly arranged micrometer or submicrometer pillars. 

Each pillar bends when the cell exerts a traction force on it. The pillar stiffness (k) is calculated using 

Euler's Bernoulli beam theory and the traction force is then quantified by multiplying the stiffness of 

the pillar by its displacement. Sub-micrometer columns provide readings that represent a continuous 

surface and are very sensitive, fast, and easy to quantify cell traction force [83]. 

𝑘 =  
3

64
𝜋𝐸

𝐷4

𝐿3
 

The displacement of a micropillar (∆x) is measured using pillar tracking software, and the trac-

tion force is then determined by multiplying the pillar's stiffness with its displacement. The submi-

crometer pillars mimic a continuous surface, providing traction force measurements that represent 

the entire surface [83].  

Recent studies have shown that MNPs@SiO2(RITC) can alter cellular traction force production 

in a cell-type-dependent manner. For example, human bone marrow-derived mesenchymal stem 

cells (hBM-MSCs) exhibited a significant decrease in traction force production at a concentration of 

1.0 μg/μl upon MNPs@SiO2(RITC) treatment, while no differences were observed in the traction force 
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production of untreated and 0.1 μg/μl treated hBM-MSC cells [25]. Similarly, the traction force of 

human embryonic kidney cells (HEK293) was found to increase significantly at 1 μg/μl of 

MNPs@SiO2(RITC) in another study [31]. Changes in traction force induced by MNPs@SiO2(RITC) 

were mainly due to alterations in the cell area and decreased intracellular ATP production, which 

could ultimately affect cell attachment and spread. 

3.2.2. Rigidity Sensing Measurement 

One way to measure the ability of a cell to recognize the stiffness of ECM is by observing the 

morphological and cytoskeletal responses of cells cultured on ECM with varying stiffness [84]. The 

cell's spreading area, aspect ratio, and length of filopodia can be quantified as morphological re-

sponses, while the cell's actin structure and formation of focal adhesions are cytoskeletal responses. 

To conduct a rigidity detection study, a substrate with a stiffness ranging from 0.1 to 100 kPa can be 

prepared by adjusting the cross-linking ratio of the PAA gel with its curing agent, as shown in Figure 

3D [84]. Similarly, by adjusting the PDMS with its curing agent ratio, a substrate can be made with a 

stiffness of more than 5 kPa to 2 MPa [85].  

Recent studies have measured the rigidity sensing of cells by analyzing their contraction during 

initial spreading on submicrometer pillars. When cells sense the rigidity of the substrate, they form 

an adhesion complex on two or more adjacent pillars, causing them to deflect towards each other due 

to the actin-myosin interaction [78]. Cells deflect the adjacent pillar at an average of 60 nm during 

rigidity sensing, regardless of the stiffness of the pillar. However, due to the small size of the single 

local contraction component (<1 µm), rigidity-sensing contraction can only be detected using sub-

micrometer pillars (Figure 3E). On a pillar larger than a micrometer in diameter, the rigidity sensing 

contraction will be located on the top of a single pillar and will not be detected [83]. The directionality 

parameter (γ) can be used to quantify the local contraction of a cell, where γ = 0 when the pillars are 

deflected towards each other and γ = 1 when the pillars are deflected in the same direction.  

𝛾 =
√(𝐴𝑥 + 𝐵𝑥)2 + (𝐴𝑦 + 𝐵𝑦)2

√(𝐴𝑥2 + 𝐴𝑦2) + √(𝐵𝑥2 + 𝐵𝑦2)
 

Rigidity sensing method was recently used to show the toxicity of MNPs@SiO2(RITC) on HEK 

293 cells rigidity sensing at low concentration (0.1 µg/µl) [32]. In this study, the traditional and recent 

method of the rigidity detection method was applied. Using the traditional method, a soft 5 Kpa and 

rigid 2 Mpa flat PDMS surface was used to study the response of cells in terms of cell spreading area, 

aspect ratio, filopodia, and focal adhesion formation (Figure 4). Those results demonstrated that cells 

treated with MNPs@SiO2(RITC) cannot distinguish soft from rigid surfaces. The actin structure was 

also disrupted when MNPs@SiO2(RITC) enters the cell at 1 and 0.1 µg/µl on both soft and rigid sur-

faces. The current state of the rigidity sensing analysis method that uses submicrometer PDMS pillars 

showed that MNPs@SiO2(RITC) treated cells cannot perform rigidity sensing contractions that occur 

during the initial contact of the cell substrate, indicating the loss of cell ability to sense the rigidity of 

the pillars. The loss of rigidity sensing caused when MNPs@SiO2(RITC) damaged the actin structure 
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and cytoskeletal components, especially FSCN1 and PXN, even at 0.1 µg/µl. 

 

Figure 4. Summary of the effects of MNPs@SiO2(RITC) on cell rigidity sensing. 

This article highlights the impact of NPs on cell cytoskeleton and mechanobiology, and the meth-

ods used to study nanotoxicity in relation to NP concentration. At lower concentrations (0.1 µg/ml), 

NPs generate ROS that inhibit the cell cytoskeleton, the production of traction force, and cells ability 

to sense rigidity. Changes in traction force production, rigidity sensing, and cytoskeletal components 

such as FSCN1 and PXN were observed after NP treatment, indicating possible cell transformation 

as all transformed cells display defects in their cytoskeletal components. However, no study has yet 

been conducted on the transformation of cells due to NPs. To further understand the effects of NPs, 

future research should focus on studying several types of NP based on concentration incorporated 

with modern microfluidic systems that mimic real organs. These studies will provide a standard for 

determining the toxicity of NPs.   

4. Conclusions 

The effects of NPs on cell cytoskeleton and mechanobiology have been comprehensively re-

viewed in this article. The toxic effects of NPs on the cytoskeletal components of cells alter the mech-

anobiological response of the cell, which in turn affects essential cellular functions such as cell migra-

tion, division, and proliferation. While the detailed mechanobiological studies were performed only 

on MNPs@SiO2(RITC), it is crucial to perform further studies and deep analysis since the interaction 

of NPs with the cell could be different due to their surface coating, size, concentrations, and chemical 

compositions. Incorporating rigidity sensing and traction force measurements in such studies would 

provide a more holistic understanding of the toxicity of NPs and aid in the development of safer NPs 

for various biomedical applications. 
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